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on the weaner pig ileal microbiota
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Michael R. Hutchings1 and Jos G. M. Houdijk1

Abstract
Background: The porcine gastrointestinal microbiota has been linked to both host health and performance. Most
pig gut microbiota studies target faecal material, which is not representative of microbiota dynamics in other discrete
gut sections. The weaning transition period in pigs is a key development stage, with gastrointestinal problems being
prominent after often sudden introduction to a solid diet. A better understanding of both temporal and nutritional
effects on the small intestinal microbiota is required. Here, the development of the porcine ileal microbiota under differing levels of dietary protein was observed over the immediate post-weaning period.
Results: Ileal digesta samples were obtained at post-mortem prior to weaning day (day − 1) for baseline measurements. The remaining pigs were introduced to either an 18% (low) or 23% (high) protein diet on weaning day (day 0)
and further ileal digesta sampling was carried out at days 5, 9 and 13 post-weaning. We identified significant changes
in microbiome structure (P = 0.01), a reduction in microbiome richness (P = 0.02) and changes in the abundance
of specific bacterial taxa from baseline until 13 days post-weaning. The ileal microbiota became less stable after
the introduction to a solid diet at weaning (P = 0.036), was highly variable between pigs and no relationship was
observed between average daily weight gain and microbiota composition. The ileal microbiota was less stable in pigs
fed the high protein diet (P = 0.05), with several pathogenic bacterial genera being significantly higher in abundance
in this group. Samples from the low protein and high protein groups did not cluster separately by their CAZyme
(carbohydrate-active enzyme) composition, but GH33 exosialidases were found to be significantly more abundant in
the HP group (P = 0.006).
Conclusions: The weaner pig ileal microbiota changed rapidly and was initially destabilised by the sudden introduction to feed. Nutritional composition influenced ileal microbiota development, with the high protein diet being associated with an increased abundance of significant porcine pathogens and the upregulation of GH33 exosialidases—
which can influence host-microbe interactions and pathogenicity. These findings contribute to our understanding
of a lesser studied gut compartment that is not only a key site of digestion, but also a target for the development of
nutritional interventions to improve gut health and host growth performance during the critical weaning transition
period.
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Background
There have been many studies in recent years on the
development of the porcine gut microbiota, which have
primarily focussed on faecal microbial communities.
Comparatively less studies have been done on the small
intestinal microbiota, primarily due to the challenge of
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obtaining samples and the assumption that faecal material can be considered a proxy for upstream gut microbiota interactions [1]. From previous work, we know that
the porcine microbiota composition varies between gut
sections [1–4] and the impact of treatment effects have
been investigated specifically on the ileal microbiota
composition at single time points [1, 5–7]. However,
there are few studies that explore temporal development and nutritional influences on the small intestinal
microbiota.
The immediate post-weaning period in pigs is a critical
development stage, where disease risk is increased due to
sudden changes in diet, environment and sow removal. In
previous work, we have shown that both enterotoxigenic
Escherichia coli (an important causative agent of postweaning diarrhoea) exposure and an increase in dietary
crude protein (CP) level have a significant impact on ileal
microbiota composition in weaner pigs, in the absence of
changes at faecal level [1]. The manipulation of dietary
CP levels has been considered as a control measure for
post-weaning diarrhoea, as its reduction has been shown
to lower disease severity [8, 9]. In our previous work [1],
we considered the spatial variation in the gut microbiota
in response to dietary CP manipulation and enterotoxigenic Escherichia coli exposure but have yet to explore
temporal changes in ileal microbiota composition. Here,
we compared ileal bacterial communities from pigs fed a
low CP (LP) and a high CP (HP) diet to gain information
on the effects of CP nutrition on ileal microbiota composition and function through the immediate post-weaning
period, with consideration of how weight gain may be
linked to ileal microbiota composition.

revealed Lactobacillus to be the most abundant genus
on day 13 (16.26 ± 22.03%), followed by Actinobacillus
(10.34 ± 12.17%) and Clostridium (7.88 ± 8.64%). A further 182 genera were identified which were present in
levels lower than 1% relative abundance. Summary statistics for the metagenomic analysis on day 13 are presented
in Additional file 1.

Results

Ileal microbiota structure changed significantly over
time (P = 0.01), with changes specifically in the LP group
again being observed (P < 0.01) which were not present
in the HP group (P = 0.30). In the LP group, the most
marked shifts in structure occurred between baseline
and day 5 (main effect: P = 0.04, LP: P = 0.03) and days
5 and 9 (main effect: P = 0.06, LP: P = 0.01), with microbiota structure being stable between days 9 and 13 (main
effect: P = 0.40, LP: P = 0.40).
When considering common taxonomic changes across
both dietary groups, several bacterial taxa changed significantly over time (Fig. 3). Common patterns across
both groups were changes in the abundances of Epulopiscium, Eubacterium, Oribacterium, Sharpea, Clostridium,
Veillonella, Pseudobutyrivibrio and Blautia (Fig. 4). Full
statistical outputs are from the 16S rRNA gene sequencing dataset are presented in Additional file 3.
There were also diet-specific differences in the relative
abundances of particular taxa, with most significant taxonomic changes within the LP group (Fig. 4). In the LP

Taxonomic description of the ileal microbiota

The ileal microbiota was highly variable between individuals and within treatments, but a core microbiota
was evident across all samples, diets and time points.
Firmicutes and Proteobacteria dominated at phylum
level (Fig. 1a) with a further 19 phyla being identified by
16S rRNA gene sequencing, and 17 bacterial phyla by
metagenomics, which were in low abundance. Clostridiaceae dominated at family level (Fig. 1b), with three
other families being present in lower abundances—
Pasteurellaceae, Enterobacteriaceae and Lactobacillaceae—with a further 99 bacterial families being rarer
members of the ileal microbiota. These four families
were also the most dominant in the metagenomic dataset on day 13 (Additional file 1). At genus level, 48.2% of
sequences were unclassified by 16S rRNA gene sequencing, with the most dominant core classified genus being
SMB53 (mean = 14.85 ± 14.13%), followed by Lactobacillus (2.17 ± 3.30%). Metagenomic sequencing

Temporal changes in ileal microbiota alpha diversity

Temporal changes in ileal microbiota richness (Chao 1)
and diversity (Inverse Simpson) indices are visualised
in Fig. 2. Pairwise comparisons of indices between time
points were carried out, exploring both main effects (i.e.,
time and diet) and effects within each dietary treatment.
The full statistical output as calculated from the 16S
rRNA gene sequencing dataset is shown in Additional
file 2.
A significant reduction in microbiota richness was
observed between baseline and day 13 (P = 0.02). This
reduction was specific to the LP group (P < 0.001)
and was not observed in the HP group independently
(P = 1.00) (Fig. 2a). A significant reduction in diversity was observed from baseline to day 9 (P < 0.001) and
occurred in both the LP (P < 0.001) and HP (P = 0.03)
groups independently (Fig. 2b). Diversity indices then
returned to levels which were not dissimilar to the baseline samples (LP: P = 0.07, HP: P = 1.00). Overall, ileal
richness was not significantly different when comparing
the LP and HP group (P = 0.08), but ileal diversity was
significantly higher in the HP group (P = 0.04).
Temporal changes in ileal microbiota beta diversity
and taxonomy
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Fig. 1 Boxplots showing the dominant a bacterial phyla and b bacterial families across all experiment groups. The ileal microbiota is highly variable
between groups, but a core composition is evident

group, significant shifts in relative abundance occurred
in 11 bacterial families and 27 bacterial genera (P < 0.05),
with marked stepwise increases in Streptococcaceae, Peptostreptococcaceae, Lachnospiraceae, Fusobacteriaceae
and Veillonellaceae. At genus level, stepwise increases in
Mitsuokella, Actinobacillus, Streptococcus, Campylobacter, Turicibacter and Veillonella species were observed.
There were less taxa associated with time progression
in the HP group, with 0 bacterial families and 11 bacterial genera changing in abundance over the post-weaning

period. Specifically, there were overall increases in Pseudobutyrivibrio, Oribacterium, Veillonella, Clostridium
and Epulopiscium species.
Diet‑linked changes in the ileal microbiota

Ileal microbiota richness and structure were not significantly different when comparing the LP and HP groups
at any time point (P > 0.05). When considering both
dietary groups, the ileal microbiota destabilised after
weaning and the transition to solid feed only (P = 0.036).
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Fig. 1 continued

Specifically, the ileal microbiota was significantly less
stable in the HP group overall (P = 0.05), with the ileal
microbiota being significantly less stable specifically on
day 5, compared to the LP group (P = 0.008).
On day 5, both SMB53 (LP: 18.75 ± 1.63%, HP:
9.31 ± 1.89%, P = 0.0002) and an unclassified Clostridiaceae (LP: 56.59 ± 8.50%, HP: 24.78 ± 6.63%, P = 0.002)
were in significantly greater abundance in the LP group.
In contrast, Lactobacillus reuteri was in significantly
greater abundance in the HP group than in the LP group

(LP: 0.37 ± 0.00%, HP: 10.97 ± 4.04%, P = 0.004). On day
9, SMB53 then became more significantly more dominant
in the HP group (LP: 6.35 ± 2.37%, HP: 27.50 ± 10.24%,
P = 0.03), along with an unclassified Pasteurellaceae
(LP: 0.23 ± 0.00%, HP: 6.04 ± 2.87%, P = 0.03) and Haemophilus parasuis (LP: 0.00 ± 0.00%, HP: 2.66 ± 1.31%,
P = 0.03). On day 13, there were no significant differences
in relative abundances when comparing both dietary
groups.
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Fig. 2 Beanplots showing the distribution of a Chao 1 indices and
b Inverse Simpson indices calculated from ileal digesta samples at
baseline, and at each sampling point when the pigs were fed either
the LP or HP diet (Day 5–Day 13). Small black bars indicate individual
data points, with the wider black lines representing the mean value

The mean relative abundance of Actinobacillus porcinus was markedly higher in the HP group
on day 5 (LP = 0.32 ± 0.00%, HP = 2.12 ± 2.90%), day
9 (LP = 0.17 ± 0.26%, HP = 2.51 ± 3.23%) and day 13
(LP = 1.97 ± 3.91%, HP = 9.79 ± 13.40%), which defined
the HP group (P = 0.04).
Metagenomic and microbiota‑weight gain interaction data

Average daily weight gain data ranged from 11.73 to
62.57 g/day/kg weaning weight (Additional file 5). There
were no statistically significant correlations observed
between ADWG and the relative abundances of particular OTUs (P > 0.05). Two enterotypes were assigned to

the taxonomic profiles generated from the porcine ileal
samples, but this partitioning was not linked to ADWG
measurements (Additional file 5).
Metagenomic data was generated using samples from
day 13 only to allow deeper taxonomic analysis and
comparisons between the low and high protein groups
later into the crucial post-weaning period. At kingdom
level, the ileal microbiota was comprised of Eukaryota
(29.06 ± 14.29%), Bacteria (70.50 ± 14.39%), Viruses
(0.16 ± 0.00%) and Archaea (0.20 ± 0.00%). Members
of the Eukaryota were predominantly host DNA contaminants, and so were not considered for analysis.
Additionally, due to the relatively low levels of Viruses
and Archaea in this dataset, only bacterial sequences
are described. All taxonomic groups identified in the
metagenomic dataset at kingdom, phylum, family and
genus level are described in full in Additional file 1. To
summarise, at phylum and kingdom levels, there were no
significant differences between groups (P > 0.05). At family level, Neisseriaceae were present at significantly higher
levels in the HP group (P = 0.03).
Table 1 describes the bacterial genera which were present in significantly different relative abundances at the
final sampling point. All statistical analyses carried out
at phylum, family and genus level are described in full in
Additional file 4.
Many of the organisms that are present in significantly
different relative abundances are members of the Pasteurellaceae family, and the genera significantly different in Table 1 represent a mean relative abundance of
3.9% and 24.1% of the ileal microbiota in the LP and HP
groups, respectively. As reflected in the 16S rRNA gene
sequencing data, Actinobacillus species were present in a
higher relative abundance in the HP group, and so are an
indicator of and a dominant ileal microbiota member in
the HP group.
Carbohydrate active enzymes (CAZymes) were identified in this dataset, which are responsible for the synthesis and breakdown of carbohydrates and are key
determinants for both composition and activity of the
gut microbiome [10]. The abundances of these were compared between high and low protein samples, excluding a
sample from the LP group due to this sample having few
CAZyme genes. 142 families of CAZymes were identified:
5 auxiliary activities families, 17 carbohydrate-binding
module class families, 12 carbohydrate esterase families,
62 glycoside hydrolase families, 41 glycosyltransferase
families, 4 polysaccharide lyase families and cohesins. HP
and LP samples did not cluster significantly separately
by their CAZyme composition. However, GH33 exosialidases were found to be significantly more abundant in
the HP group (adjusted P value = 0.0063).
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Fig. 3 Barplots describing the bacterial taxa that changed significantly over the post-weaning period at both a phylum and b family levels across
all samples, diets and time points

Pollock et al. anim microbiome

Fig. 3 continued

(2021) 3:58

Page 7 of 17

Pollock et al. anim microbiome

(2021) 3:58

Page 8 of 17

Fig. 4 Barplots describing the bacterial taxa that changed significantly over the post-weaning period by dietary treatment—a shows families
associated with time point in the LP group, and there were no families linked to time point in the HP group. Genera significantly associated with
time progression in both the b LP and c HP groups are visualised
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Table 1 Bacterial genera present in significantly different relative abundances when comparing the low and high protein diet groups
Taxa

Mean (LP)

Mean (HP)

SD (LP)

SD (HP)

Adjusted P value

Actinobacillus

2.785

16.249

3.583

13.712

0.032

Agarivorans

0.001

0.004

0.002

0.004

0.047

Aggregatibacter

0.061

0.574

0.087

0.701

0.026

Avibacterium

0.047

0.419

0.074

0.535

0.030

Basfia

0.024

0.305

0.032

0.405

0.027

Bibersteinia

0.021

0.150

0.030

0.161

0.047

Catenovulum

0.001

0.010

0.002

0.013

0.018

Gardnerella

0.000

0.004

0.000

0.008

0.033

Glaesserella

0.480

3.098

0.643

2.604

0.030

Haemophilus

0.199

1.571

0.268

1.845

0.018

Histophilus

0.024

0.197

0.033

0.219

0.018

Kingella

0.000

0.008

0.000

0.007

0.018

Mannheimia

0.121

0.683

0.140

0.651

0.020

Neisseria

0.012

0.086

0.015

0.073

0.018

Pasteurella

0.094

0.647

0.145

0.714

0.018

Rodentibacter

0.020

0.151

0.029

0.178

0.03

Wolinella

0.000

0.002

0.000

0.002

0.024

Discussion
In this study, we examined the bacterial composition of
ileal digesta samples taken before weaning. Piglets were
then assigned to one of two diets—low protein or high
protein—and further samples studied to establish how
the ileal microbiota developed during the weaning transition period. The main limitation of this study is that the
same individuals could not be sampled repeatedly using
this experimental design. However, this methodology
allowed us to identify core temporal changes in the ileal
microbiota, and dietary associations with particular taxa
and microbiota function. There have been many lines
of research and practices aiming to limit the impact of
this challenging growth period, yet there is no baseline
description of microbiota dynamics during the weaning
transition.
The challenges of studying ileal bacterial communities

There are fewer studies on the small intestinal microbiota in comparison to faecal samples, and as such, the
challenges associated with studying these communities
are not as well known. Firstly, the variability between
individuals makes it more difficult to explore core key
changes over time and/or between treatments, meaning that a greater number of samples are often required.
Secondly, when utilising metagenomics to study lower
biomass intestinal environments, the relatively high
proportion of host DNA contamination can be problematic. A high level of eukaryotic DNA was discovered
in this study (which was predominantly of suspected

porcine origin), which had an impact on sequencing
coverage and was consequently removed from the analysis. Plant-associated DNA was also detected in all samples, with feed components being the source, but these
sequences were not removed as we present a descriptive taxonomic analysis, rather than a structural analysis. Thirdly, at genus level, 48% of the 16S rRNA gene
sequences remained unclassified, which is in part due to
the limitations of using a short fragment of the 16S rRNA
gene for sequencing and public sequence databases not
yet encompassing a large range of bacterial sequences
required for classification [11]. Consequently, we advise
that greater sample numbers should be considered for
future studies and that higher sequencing coverage may
be required to make comparisons between groups.
The ileal microbiota was destabilised by introduction
to feed

Ileal microbiota richness decreased significantly over the
post-weaning period but was highly variable at an individual level. Ileal microbiota richness decreased significantly in pigs fed the low protein diet but not the high
protein diet. Other authors have previously reported that
porcine ileal microbiota richness decreases with lower
dietary protein intake [12–14], perhaps indicating that a
lower protein diet suppresses the growth of protein-fermenting bacteria [1]. Additionally, significant reductions
in microbiota diversity occurred in both dietary groups
between baseline and day 9, suggesting that the sudden
introduction to a solid diet caused significant shifts in
microbiota composition, with particular bacterial groups
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increasing in dominance (as discussed below). Other
authors have reported that the most pertinent driver of
microbiota shifts is the transition period between nursing and introduction to solid feed in all gut sections, not
just the small intestine [15], supporting the view that
nutrition is an important influence in the development of
the porcine gut microbiota.
The ileal microbiota was dominated by few taxa

We found that the ileal microbiota was low in diversity,
compared to porcine faecal samples from pigs of the
same age in our previous work [1, 16], and was heavily
dominated by Firmicutes and Proteobacteria. This has
been observed in many other studies on the porcine ileal
microbiota in pigs of comparable age [7, 17] and in older
pigs [18–21]. This clear dominance at phylum level in
older pigs was driven by the high abundance of Anaerobacter and Turicibacter at 90 days old [21], Lactobacillus at 150 days old [19] and Clostridium at 300 days old
[20]. In piglets of comparable age to our study, it was
found that the ileal and mucosal microbiota were dominated by Lactobacillus, Clostridiaceae and Turicibacter
[7] and Peptostreptoccaceae and Streptococcaceae [18].
Here, Clostridiaceae comprised a median relative abundance of 53%, which by far exceeded the relative abundances of the other core families (i.e. Pasteurellaceae,
Enterobacteriaceae and Lactobacillaceae, which made up
between 1 and 3% of ileal communities). The dominance
of Clostridiaceae in the porcine ileum has been reported
elsewhere, with members of this bacterial family having
the ability to metabolise plant-derived saccharides such
as glucose derived from bacterial breakdown of starch or
non-starch polysaccharides [2].
Within these dominant phyla and families, there were
also few dominant bacterial genera. SMB53 was highly
enriched in the small intestine in our study, which has
also been the case in other work [20, 22]. The role of
SMB53 is not well known [23] and has been found to
be most closely related to the genus Clostridium [24].
We also found at genus level, the dominant taxa were
Clostridium, Lactobacillus, Actinobacillus and Mycoplasma. These and other taxa residing in the ileum have
the ability to thrive in the harsh conditions of this gut
section, with many being linked to feed efficiency and
nutrient utilisation [25, 26]. Some taxa isolated here, such
as Actinobacillus and Mycoplasma species, are opportunistic pathogens.
The ileal microbiota composition changed significantly
over time

Microbiota composition was highly variable between
pigs, but it is well recognised that the ileal microbiota is
less stable compared to the faecal microbiota [1, 18]. It is
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thought that the higher variability in the midgut is due to
the lower bacterial diversity and biomass in comparison
to the hindgut, and the constant influx of bacteria from
food and the environment that will variably survive the
relatively low pH in the stomach, as well as the shorter
digesta transit time [2, 27]. Additionally, the structure
of the gut, chemical and nutrient gradients and presence of antimicrobial peptides are also thought to contribute to spatial differences in the gut microbiota [27].
In spite of this variation, significant temporal changes
in the ileal microbiota were observed. Ileal microbiota
structure changed significantly over a short time period
post-weaning, which was underpinned by changes in the
relative abundances of several bacterial taxa. Specifically,
temporal changes in the abundances of Epulopiscium,
Eubacterium, Oribacterium, Sharpea, Clostridium, Veillonella, Pseudobutyrivibrio and Blautia occurred in both
dietary groups. Epulopiscium was present in the preweaned porcine gut only, and was not detected at any
further time points, and has been found to be a dominant
member of the sow-fed neonatal pig ileum [28], with Oribacterium and Sharpea also diminishing post-weaning.
The dominance of Clostridium species and the other
Clostridia mentioned (i.e. Eubacterium, Oribacterium,
Veillonella, Pseudobutyrivibrio and Blautia species) in
the post-weaned pig ileum has been described elsewhere
[2, 29]. Commensal Clostridia such as these have been
shown to have an important role in gut homeostasis [30],
which may contribute to the greater stability of the porcine ileal microbiota during later growth phases.
There were no links between microbiota composition
and weight gain

In our previous study [1], we established that average
daily weight gain was not significantly different between
the LP and HP pigs, but the ileal microbiota was significantly different when comparing the two dietary groups.
Here, we sought to establish whether average daily
weight gain was linked to these differences in microbiota
composition. We found that microbiota structure and
specific OTU relative abundances were not significantly
linked to weight gain. In previous studies, correlations
between the small intestinal microbiota composition and
weight gain have been evident in both pre-weaned pigs
[31] and in finisher pigs [32]. We have shown that the
ileal microbiota is highly destabilised during the weaning
transition period, and hypothesise that the ileal microbiota is consequently not optimal at this stage to utilise the
available nutrients in solid feed to improve host growth
performance.
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There were diet‑specific differences in the ileal microbiota

There were several bacterial taxa in significantly different
abundances when comparing the two dietary groups. As
with the richness and diversity indices, these taxonomic
changes were more marked in the low protein group.
Lactobacillus reuteri was present in higher abundances
in the high protein group. Some members of the Lactobacillus genus have proteolytic properties [33] and may
have increased in abundance due to greater protein availability [1]. Higher Lactobacillus species abundance has
also been linked to increased feed efficiency [22]. Specifically, Lactobacillus reuteri has been used as a probiotic
in pigs and has demonstrated strong adhesion to the porcine gut, in addition to roles in competitive exclusion and
improved host performance [34].
In addition, Haemophilus parasuis and several members of the Pasteurellaceae were in higher abundance in
the high protein group. These organisms are key pathogens in pigs, and the marked difference between the two
groups is of potential biological significance. Although
many members of the Pasteurellaceae are commensal
gut constituents, the gut acts as an important reservoir
of porcine pathogens that can cause serious systemic diseases [35]. High protein diets have been shown to have a
higher acid-binding capacity and can therefore lead to an
increased gut pH [36], providing a more favourable environment for pathogenic bacteria [37].
Another member of the Pasteurellaceae, Actinobacillus species, was a clear indicator of the HP group, which
was revealed in both the 16S rRNA gene and metagenomic data sets. Specifically, Actinobacillus porcinus was
in a markedly greater relative abundance in the HP group
throughout the experiment. Other work has revealed that
Actinobacillus porcinus was in greater abundance in low
residual feed intake pigs [25] and Actinobacillus species
were enriched in low fatness pigs [20], and so this genus
may be a key performance indicator in pigs.
Finally, using metagenomic sequencing, we identified CAZyme genes and compared the abundance of
these between dietary groups. These were targeted due
to their role as key determinants for both the composition and activity of the microbiome in weaner pigs [10]
and their essential role during the transition between
milk and solid feed [38]. The dietary groups did not cluster significantly separately by their CAZyme composition, though the Glycoside Hydrolase Family 33 (GH33)
was more abundant in the HP group. GH33 is a family
of exosialidases, which catalyse the removal of sialic acid
residues to release free sialic acid. Free sialic acid is used
as a carbon and energy source for bacteria. Sialidases are
known to affect host-microbe interactions on the gut
mucosa [39, 40] and have been suggested to play a role
in the pathogenicity of particular micro-organisms [41].
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Hosting a microbiota with the ability to produce and/or
consume sialic acid in the gut has been said to be essential for gut homeostasis [39]. The therapeutic potential of
the modulation of sialidase expression has been raised,
through the use of specific inhibitors or pre- and probiotics to target specific members of the microbiota [39].

Conclusions
The ileal microbiota changed rapidly over the post weaning period and was de-stabilised by the introduction to a
solid diet. Ileal microbial communities were highly variable between individuals, with no observed links with
weight gain, but core changes in specific bacterial taxa
were observed. Pigs fed the high protein diet had less
stable ileal microbiomes, higher abundances of key porcine pathogens and higher levels of GH33 exosialidases—
which can influence host-microbe interactions and
pathogenicity. Targeted microbiome studies improve our
understanding of the complexity and importance of gut
microbiota dynamics and may lead to the development of
alternative management strategies to improve host health
and performance during the weaning transition period.
Methods
Pigs, housing and dietary treatments

Pigs (Large White × Landrace) were weaned (day 0)
at 25.0 ± 0.8 days of age (mean ± SD) and weighed
9.11 ± 1.42 kg. The pigs were housed in 4 m
 2 square pens
in groups of four with a single feeder and nipple drinker,
and the pen flooring was cleared and bedded with fresh
sawdust daily. Pens were balanced for weaning weight,
sex and litter origin within each of the four experimental rounds (Additional file 5) with the full experimental
design being described previously [1].
Before weaning, the piglets were administered a standard creep feed (digestible energy = MJ/kg, CP = 230 g/
kg) from day − 7 to day 0 (i.e., weaning). Ileal samples
(n = 72) were collected from euthanised pigs before
weaning (n = 8) and the remaining pigs (n = 64) were
assigned to the low protein (LP) (n = 32) or high protein
(HP) (n = 32) diet. Detailed compositional data describing these experimental diets have been published previously [1], with a crude protein level of 180.9 g/kg and
228.8 g/kg being measured from the formulated LP and
HP diets, respectively. Pigs were fed ad libitum for the
trial duration.
As these pigs were recruited as controls for an infection study, whilst housed separately from their challenged counterparts, a sham inoculation with phosphate
buffered saline (PBS) was carried out on day 2 of the
experiment.
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Ileal digesta sampling

Temporal ileal digesta sampling was carried out, whereby
pigs were subject to post-mortem on days − 1 (i.e. the day
before weaning and prior to treatment assignment), 5, 9
and 13. At post-mortem points from day 5–13, pigs were
selected from each pen to maintain balance across dietary treatment for weaning weight, sex and litter origin.
Pigs subject to post-mortem were first sedated
(medetomidine—0.01 ml/kg at 1 mg/ml, midazolam—0.1 ml/kg at 5 mg/ml, ketamine—0.1 ml/kg at
100 mg/ml and azaperone—0.025 ml/kg at 40 mg/ml)
and then euthanised by intracardiac injection of pentobarbital (0.7 ml/kg at 200 mg/ml). The abdomen was dissected from pubis to sternum to allow clear visualisation
of the gastrointestinal tract. The caecum was identified
and tied off at the ileal-caecal junction using string, and a
10 cm section of ileum was measured out before tying off
again with string. The tied-off ileal section was then cut
out and removed, before emptying the ileal contents into
a DNase- and RNase-free universal tube and immediately
placing on dry ice prior to DNA extraction.
16S rRNA gene sequencing

All ileal digesta samples were subject to DNA extraction
and 16S rRNA gene sequencing targeting the V3 hypervariable region, using the principles [11] and the methodology as described previously [16]. Further details
regarding DNA quality control, the use of sequencing controls and sequencing details for this study are
described in published work [1]. Briefly, DNA extractions were carried out using the MoBio PowerSoil DNA
isolation kit as per the manufacturer’s instructions (now
branded as the DNeasy PowerSoil kit; Qiagen, United
Kingdom) using 500 mg of ileal contents. The yield and
quality of the DNA extracts were assessed using a NanoDrop spectrophotometer (Thermo Scientific, United
Kingdom) and by running extracts on a 2% agarose gel.
The V3 hypervariable region of the 16S rRNA gene was
amplified using dual-index primers 341F (5′-CCTACG
GGAGGCAGCAG-3′) and 518R (5′-ATTACCGCGGCT
GCTGG-3′) as previously described [1] and submitted
for sequencing (Edinburgh Genomics, United Kingdom)
using the Illumina MiSeq platform (Illumina, United
States) and V2 chemistry, producing 250 bp pairedend reads. The generated sequences from ileal contents
for this study were processed using other [42] (version
1.36.0) as detailed previously [1] using the Greengenes
database trimmed to the V3 hypervariable region to
improve classification depth. To enable focus on temporal shifts in the ileal microbiota, a sub-set of data from
our previous study [1] was re-analysed to gain better resolution for both descriptive and statistical analyses.
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A total of 130,123 ± 67,133 contiguous sequences were
generated, with 91,143 ± 57,015 remaining after quality control. The remaining sequences were clustered
into 681 operational taxonomic units (OTUs) using a
database-dependent method. 5.4% of all sequences were
not classified further than “Bacteria”. Sequence data
were sub-sampled for analysis (n = 10,000) to minimise
the effects of uneven sampling for statistical analysis. A
Good’s coverage value of 0.99 was calculated for each of
the samples.
The Chao 1 index and Inverse Simpson Index (ISI) were
calculated to study richness and alpha diversity, respectively. To test statistical significance of differences in
alpha diversity between groups, the Pairwise Wilcoxon
Rank Sum Test (with Bonferroni corrections for multiple comparisons) was used. A distance matrix was built
using Yue and Clayton theta similarity coefficients [43],
which inputs both community membership and relative
abundance data. Any statistically significant clustering by
group was assessed using analysis of molecular variance
(AMOVA) [44]. The statistical significance of variation
between populations was assessed using homogeneity of
molecular variance (HOMOVA) [45]. Metastats [46] was
used to identify taxa that were in significantly different
abundances when comparing dietary groups, and the P
values were corrected using the false discovery rate. An
indicator analysis was run to identify taxa which were
significantly more abundant in specific treatment groups
[47]. In order to identify bacterial phyla and families
that were present in significantly different relative abundances between groups, Kruskal–Wallis tests were run
with Bonferroni corrections being applied. Both statistical analyses and graphs were generated using R (version
3.5.1).
Shotgun metagenomic sequencing

A subset of ileal DNA extracts obtained on day 13
(n = 14) were submitted to the sequencing centre (Edinburgh Genomics, United Kingdom). Illumina TruSeq
DNA Nano libraries were prepared, and sequencing was
carried out using the HiSeq 4000 platform generating
150 bp paired-end reads (Illumina, United States). Two
samples from the LP group failed sequencing (due to low
coverage of microbial DNA), so 12 samples were taken
forward for analysis.
Illumina adaptors were removed using trimmomatic
(v.0.36) [48]. Reads were mapped to the Sus scrofa reference genome using BWA MEM (v.0.7.15) [49] and only
reads that did not map to this reference genome were
taken forward for further analysis. A custom Kraken2
database was constructed consisting of RefSeq complete genomes and the Sus Scrofa reference genome;
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taxonomies were then assigned to paired end reads using
Kraken2 (v.2.0.8-beta) [50], whereby 46.87 ± 13.95% of
reads were unclassified to this database.
Assemblies were performed using IDBA-UD (v.1.1.3)
[51] with the options –num_threads 16 –pre_correction
–min_contig 300. Protein coding sequences were identified in assemblies using Prodigal (v. 2.6.3) [52]. To identify
carbohydrate-active enzymes (CAZymes), proteins were
compared to the CAZy database using dbCAN2 (version
7, 24th August 2018) [53]. CAZyme abundances were calculated as the sum of the reads mapping to assembly proteins after using DIAMOND (v0.9.21) [54] to align reads
to proteins. Data were subsampled to the lowest sample
abundance prior to statistical analyses (excluding Deseq
analysis). R (version 3.5.1) was used for all statistical
analyses. Comparisons between groups were performed
using the donis function (PERMANOVA) from the vegan
package. Deseq2 was used to calculate differences in
abundance of individual taxonomies and CAZymes [55].
Average daily weight gain and microbiota composition

All pigs were weighed at days − 1 (baseline pigs only), 0,
2, 5, 9 and 13 post-weaning. The data from pigs sampled
on day 13 (Additional file 5) was used to calculate the
average daily weight gain (ADWG) expressed as grams
per day normalised using the weaning day weight. These
data were then used to test whether ADWG was linked to
microbiome composition. Firstly, a Dirichlet Multinomial
Mixtures (DMM) model [56] was run to assess whether
higher ADWG values were linked to a specific enterotype. Secondly, a Pearson correlation was run using
an axes file generated using the AMOVA output file to
assess whether ADWG was linked to changes in relative
abundances of specific OTUs.
Abbreviations
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enzymes; CP: Crude protein; GH33: Glycoside hydrolase family; HOMOVA:
Homogeneity of molecular variance; HP: High protein; ISI: Inverse Simpson
index; LP: Low protein; OTU: Operational taxonomic unit.

Page 15 of 17

Acknowledgements
The authors would like to thank the staff at the study farm for their support.
We would also like to thank Dave Anderson, Emeric Desjeux, Justine Labbé,
Kate Hutchings, Sokratis Ptochos, Kay Russell and Sandra Terry for their technical assistance during the trial. The authors would also like to acknowledgement the Nuffield Foundation for supporting HM under the Nuffield Future
Researchers programme.
Authors’ contributions
JP, LS and JGMH carried out the animal experiment, including animal husbandry, sampling and sample preparation. JP carried out the laboratory work
and analysis of the 16S rRNA gene sequencing data. LG and HM analysed the
whole-genome shotgun sequencing data. All authors were involved with
the experimental design, and the analysis and interpretation of the data. All
authors participated in both the writing and revisions of the current manuscript. All authors read and approved the final manuscript.
Funding
Funding for this study was supplied by the BBSRC (Biotechnology and
Biological Sciences Research Council) and Zoetis (BB/K501591/1) (Principal
Investigator: JGMH). DG receives core strategic funding to The Roslin Institute
from the BBSRC (BBS/E/D/20002173). SRUC receives support from Scottish
Government’s Rural and Environment Science and Analytical Services Division (RESAS). The shotgun metagenomic sequencing study was funded by a
Research Excellence Grant (REG) awarded to JGMH, with JP as a co-applicant.
Availability data of supporting materials
The generated raw 16S rRNA gene sequence fastq files (with primers
removed) and raw metagenomic paired-read fastq files are available publicly
through the European Nucleotide Archive (ENA) under accession number
PRJEB33396. All data analysed during this study are described in the manuscript, with statistical outputs and sample metadata being made available in
the supplementary information files and within the ENA submission.

Declarations
Ethical approval and consent to participate
The animal experiment described was reviewed and approved by SRUC’s
Animal Welfare and Ethical Review Body and carried out under Home Office
regulations (PPL 60/4489).
Consent for publication
Not applicable.
Competing interests
The authors declare that they have no competing interests.
Author details
1
Animal and Veterinary Sciences, Scotland’s Rural College (SRUC), Edinburgh,
UK. 2 SRUC Veterinary Services, Scotland’s Rural College, Edinburgh, UK. 3 The
Roslin Institute and Royal (Dick) School of Veterinary Studies, University
of Edinburgh, Edinburgh, UK.
Received: 10 May 2021 Accepted: 17 August 2021

Supplementary Information
The online version contains supplementary material available at https://doi.
org/10.1186/s42523-021-00119-y.
Additional file 1. Taxonomic description of metagenomic data (day 13).
Additional file 2. Alpha diversity statistical outputs from 16S rRNA gene
sequencing data.
Additional file 3. Statistical analysis of taxonomic changes by time point.
Additional file 4. Full statistical analysis of metagenomic dataset highlighting taxonomic differences between diets at day 13.
Additional file 5. Pig metadata.

References
1. Pollock J, Hutchings MR, Hutchings KEK, Gally DL, Houdijk GM. Changes
in the ileal, but not fecal, microbiome in response to increased dietary
protein level and enterotoxigenic Escherichia coli exposure in pigs. Appl
Environ Microbiol. 2019;85:1–12.
2. Crespo-Piazuelo D, Estellé J, Revilla M, Criado-Mesas L, Ramayo-Caldas
Y, Óvilo C, et al. Characterization of bacterial microbiota compositions
along the intestinal tract in pigs and their interactions and functions. Sci
Rep. 2018;8:1–12.
3. Liu Y, Zheng Z, Yu L, Wu S, Sun L, Wu S, et al. Examination of the temporal
and spatial dynamics of the gut microbiome in newborn piglets reveals

Pollock et al. anim microbiome

4.

5.

6.

7.

8.
9.
10.
11.
12.
13.
14.
15.
16.

17.
18.
19.

20.

21.
22.
23.

(2021) 3:58

distinct microbial communities in six intestinal segments. Sci Rep.
2019;9:1–8.
Li N, Huang S, Jiang L, Dai Z, Li T, Han D, et al. Characterization of the early
life microbiota development and predominant Lactobacillus species at
distinct gut segments of low- and normal-birth-weight piglets. Front
Microbiol. 2019;10:1–14.
Zhang W, Wu Q, Zhu Y, Yang G, Yu J, Wang J, et al. Probiotic Lactobacillus
rhamnosus GG induces alterations in ileal microbiota with associated
CD3-CD19-T-bet+IFNγ+/− cell subset homeostasis in pigs challenged
with Salmonella enterica serovar 4,[5],12:i:-. Front Microbiol. 2019;10:1–17.
Umu ÖCO, Fauske AK, Åkesson CP, De Nanclares MP, Sørby R, Press
CML, et al. Gut microbiota profiling in Norwegian weaner pigs reveals
potentially beneficial effects of a high-fiber rapeseed diet. PLoS ONE.
2018;13:1–19.
Rettedal E, Vilain S, Lindblom S, Lehnert K, Scofield C, George S, et al.
Alteration of the ileal microbiota of weanling piglets by the growthpromoting antibiotic chlortetracycline. Appl Environ Microbiol.
2009;75:5489–95.
Rist VTS, Weiss E, Eklund M, Mosenthin R. Impact of dietary protein on
microbiota composition and activity in the gastrointestinal tract of
piglets in relation to gut health: a review. Animal. 2013;7:1067–78.
Hodgson KR, Barton MD. Treatment and control of enterotoxigenic
Escherichia coli infections in pigs. CAB Rev Perspect Agric Vet Sci Nutr Nat
Resour. 2009;4:1–16.
Wang W, Hu H, Zijlstra RT, Zheng J, Gänzle MG. Metagenomic reconstructions of gut microbial metabolism in weanling pigs. Microbiome.
2019;7:1–11.
Pollock J, Glendinning L, Trong W, Watson M. The madness of microbiome: attempting to find consensus “best practice” for 16S microbiome
studies. Appl Environ Microbiol. 2018;84:1–12.
Fan P, Liu P, Song P, Chen X, Ma X. Moderate dietary protein restriction
alters the composition of gut microbiota and improves ileal barrier function in adult pig model. Sci Rep. 2017;7:1–12.
Chen X, Song P, Fan P, He T, Jacobs D, Levesque CL, et al. Moderate dietary
protein restriction optimized gut microbiota and mucosal barrier in
growing pig model. Front Cell Infect Microbiol. 2018;8:66.
Qiu K, Zhang X, Jiao N, Xu D, Huang C, Wang Y, et al. Dietary protein level
affects nutrient digestibility and ileal microbiota structure in growing
pigs. Anim Sci J. 2018;89:537–46.
De Rodas B, Youmans BP, Danzeisen JL, Tran H, Johnson TJ. Microbiome profiling of commercial pigs from farrow to finish. J Anim Sci.
2018;96:1778–94.
Pollock J, Gally DL, Glendinning L, Tiwari R, Hutchings MR, Houdijk JGM.
Analysis of temporal fecal microbiota dynamics in weaner pigs with
and without exposure to enterotoxigenic Escherichia coli. J Anim Sci.
2018;96:3777–90.
Gresse R, Chaucheyras-Durand F, Fleury MA, Van de Wiele T, Forano E,
Blanquet-Diot S. Gut microbiota dysbiosis in postweaning piglets: Understanding the keys to health. Trends Microbiol. 2017;25:851–73.
Gresse R, Durand FC, Dunière L, Blanquet-Diot S, Forano E. Microbiota
composition and functional profiling throughout the gastrointestinal
tract of commercial weaning piglets. Microorganisms. 2019;7:66.
Gao P, Guo Y, Zhang N, Zhang W, Wang H, Guo X, et al. Characterization
and comparisons of microbiota in different intestinal segments between
adult Chinese Shanxi Black Pigs and Large White Pigs. Ann Microbiol Ann
Microbiol. 2019;69:447–56.
Yang H, Huang X, Fang S, Xin W, Huang L, Chen C. Uncovering the composition of microbial community structure and metagenomics among
three gut locations in pigs with distinct fatness. Sci Rep Nat Publ Group.
2016;6:1–11.
Looft T, Allen HK, Cantarel BL, Levine UY, Bayles DO, Alt DP, et al. Bacteria,
phages and pigs: the effects of in-feed antibiotics on the microbiome at
different gut locations. ISME J Nat Publ Group. 2014;8:1566–76.
Quan J, Wu Z, Ye Y, Peng L, Wu J, Ruan D, et al. Metagenomic characterization of intestinal regions in pigs with contrasting feed efficiency. Front
Microbiol. 2020;11:1–13.
Wang W, Cao J, Li JR, Yang F, Li Z, Li LX. Comparative analysis of the gastrointestinal microbial communities of bar-headed goose (Anser indicus)
in different breeding patterns by high-throughput sequencing. Microbiol
Res Elsevier GmbH. 2016;182:59–67.

Page 16 of 17

24. Guo Y, Zhu N, Zhu S, Deng C. Molecular phylogenetic diversity of
bacteria and its spatial distribution in composts. J Appl Microbiol.
2007;103:1344–54.
25. McCormack U, Curião T, Buzoianu S, Prieto M, Tomas R, Varley P, et al.
Exploring a possible link between the intestinal microbiota and feed
efficiency in pigs. Appl Environ Microbiol. 2017;83:e00380-e417.
26. Reyer H, Oster M, McCormack UM, Muráni E, Gardiner GE, Ponsuksili S,
et al. Host-microbiota interactions in ileum and caecum of pigs divergent
in feed efficiency contribute to nutrient utilization. Microorganisms.
2020;8:66.
27. Donaldson GP, Lee SM, Mazmanian SK. Gut biogeography of the bacterial
microbiota. Nat Rev Microbiol. 2016;14:20–32.
28. Piccolo BD, Mercer KE, Bhattacharyya S, Bowlin AK, Saraf MK, Pack L, et al.
Early postnatal diets affect the bioregional small intestine microbiome
and ileal metabolome in neonatal pigs. J Nutr. 2017;147:1499–509.
29. Dowd SE, Sun Y, Wolcott RD, Domingo A, Carroll JA. Bacterial tagencoded FLX amplicon pyrosequencing (bTEFAP) for microbiome studies: bacterial diversity in the ileum of newly weaned Salmonella-infected
pigs. Foodborne Pathog Dis. 2008;5:459–72.
30. Lopetuso LR, Scaldaferri F, Petito V, Gasbarrini A. Commensal Clostridia:
Leading players in the maintenance of gut homeostasis. Gut Pathog.
2013;5:1–8.
31. Ding X, Lan W, Liu G, Ni H, Gu JD. Exploring possible associations of the
intestine bacterial microbiome with the pre-weaned weight gaining
performance of piglets in intensive pig production. Sci Rep. 2019;9:1–10.
32. Quan J, Cai G, Ye J, Yang M, Ding R, Wang X, et al. A global comparison of
the microbiome compositions of three gut locations in commercial pigs
with extreme feed conversion ratios. Sci Rep. 2018;8:1–10.
33. Kim E, Kim Y, Rhee M, Song J, Lee K, Kim K, et al. Selection of Lactobacillus
sp. PSC101 that produces active dietary enzymes such as amylase, lipase,
phytase and protease in pigs. J Gen Appl Microbiol. 2007;117:111–7.
34. Hou C, Zeng X, Yang F, Liu H, Qiao S. Study and use of the probiotic Lactobacillus reuteri in pigs: a review. J Anim Sci Biotechnol. 2015;6:1–8.
35. Gerlach G, Reidl J. NAD+ utilization in Pasteurellaceae: simplification of a
complex pathway. J Bacteriol. 2006;188:6719–27.
36. Wellock IJ, Fortomaris PD, Houdijk JGM, Kyriazakis I. Effects of dietary protein supply, weaning age and experimental enterotoxigenic Escherichia
coli infection on newly weaned pigs: health. Animal. 2008;2:834–42.
37. Wang Y, Zhou J, Wang G, Cai S, Zeng X, Qiao S. Advances in low-protein
diets for swine. J Anim Sci Biotechnol. 2018;9:1–14.
38. Ye L, Das P, Li P, Ji B, Nielsen J. Carbohydrate active enzymes are affected
by diet transition from milk to solid food in infant gut microbiota. FEMS
Microbiol Ecol. 2019;95:1–9.
39. Juge N, Tailford L, Owen CD. Sialidases from gut bacteria: a mini-review.
Biochem Soc Trans. 2016;44:166–75.
40. Nishiyama K, Yamamoto Y, Sugiyama M, Takaki T, Urashima T, Fukiya S,
et al. Bifidobacterium bifidum extracellular sialidase enhances adhesion
to the mucosal surface and supports carbohydrate assimilation. MBio.
2017;8:e00928-e1017.
41. Rothe B, Rothe B, Roggentin P, Schauer R. The sialidase gene from
Clostridium septicum: cloning, sequencing, expression in Escherichia
coli and identification of conserved sequences in sialidases and other
proteins. MGG Mol Gen Genet. 1991;226:190–7.
42. Schloss PD, Westcott SL, Ryabin T, Hall JR, Hartmann M, Hollister EB, et al.
Introducing mothur: open-source, platform-independent, communitysupported software for describing and comparing microbial communities. Appl Environ Microbiol. 2009;75:7537–41.
43. Yue JC, Clayton MK. A similarity measure based on species proportions.
Commun Stat Theory Methods. 2005;34:2123–31.
44. Excoffier L, Smouse PE, Quattro JM. Analysis of molecular variance
inferred from metric distances among DNA haplotypes: application.
Genetics. 1992;491:479–91.
45. Stewart CN, Excoffier L. Assessing population genetic structure and
variability RAPD data: application to Vaccinium macrocarpon (American
Cranberry). J Evol Biol. 1996;171:153–71.
46. Paulson J, Pop M, Bravo H. Metastats: an improved statistical method for
analysis of metagenomic data. Genome Biol. 2011;12:1–27.
47. Dufrêne M, Legendre P. Species assemblages and indicator species: The
need for a flexible asymmetrical approach. Ecol Monogr. 1997;67:345–66.
48. Bolger AM, Lohse M, Usadel B. Trimmomatic: a flexible trimmer for Illumina sequence data. Bioinformatics. 2014;30:2114–20.

Pollock et al. anim microbiome

(2021) 3:58

49. Li H. Aligning sequence reads, clone sequences and assembly contigs
with BWA-MEM. ArXiv. 2013;00:1–3.
50. Wood DE, Lu J, Langmead B. Improved metagenomic analysis with
Kraken 2. Genome Biol Genome Biol. 2019;20:1–13.
51. Peng Y, Leung HCM, Yiu SM, Chin FYL. IDBA-UD: A de novo assembler
for single-cell and metagenomic sequencing data with highly uneven
depth. Bioinformatics. 2012;28:1420–8.
52. Hyatt D, Chen GL, LoCascio PF, Land ML, Larimer FW, Hauser LJ. Prodigal:
prokaryotic gene recognition and translation initiation site identification.
BMC Bioinformatics. 2010;11:66.
53. Cantarel BI, Coutinho PM, Rancurel C, Bernard T, Lombard V, Henrissat B.
The Carbohydrate-Active EnZymes database (CAZy): an expert resource
for glycogenomics. Nucleic Acids Res. 2009;37:233–8.

Page 17 of 17

54. Buchfink B, Xie C, Huson DH. Fast and sensitive protein alignment using
DIAMOND. Nat Methods. 2014;12:59–60.
55. Love MI, Huber W, Anders S. Moderated estimation of fold change and
dispersion for RNA-seq data with DESeq2. Genome Biol. 2014;15:1–21.
56. Holmes I, Harris K, Quince C. Dirichlet multinomial mixtures: generative
models for microbial metagenomics. PLoS ONE. 2012;7:e30126.

Publisher’s Note

Springer Nature remains neutral with regard to jurisdictional claims in published maps and institutional affiliations.

Ready to submit your research ? Choose BMC and benefit from:

• fast, convenient online submission
• thorough peer review by experienced researchers in your field
• rapid publication on acceptance
• support for research data, including large and complex data types
• gold Open Access which fosters wider collaboration and increased citations
• maximum visibility for your research: over 100M website views per year
At BMC, research is always in progress.
Learn more biomedcentral.com/submissions

